Abstract. This paper describes the protocol for generating thin (~100 µm) slices of the zebrafish retina. Retinal slices retain the cytoarchitecture and synaptic contacts found in vivo, allowing neurons to be identified prior to physiological recordings. These characteristics distinguish retinal slices from both isolated cell and eyecup preparations. Studies using the zebrafish retinal slice have classified different Key words: Bipolar cells, Physiology, Retinal slice, Technique, Zebrafish retinal cell types, documented voltage-and ligandgated current responses in distal bipolar neurons, and correlated physiological responses with neuronal morphology. Data collected using this protocol have provided baseline information about retinal circuitry that can be directly applied to behavioral studies examining visual function and/or mutants with visual system defects.
Introduction
The retina is composed of a variety of neuronal cell types organized in a layered matrix. Photoreceptors, located at the back of the eye, absorb light stimuli. They are presynaptic to horizontal and bipolar cells in the outer plexiform layer (OPL). Bipolar cells are presynaptic to amacrine and ganglion cells in the inner plexiform layer (IPL). Ganglion cell axons leave the eye and form the optic nerve which relays signals to the brain. This three cell pathway (photoreceptor → bipolar cell → ganglion cell) is called the vertical transduction pathway and is responsible for relaying signals through the retina. This pathway is modified at two levels. Horizontal cells provide lateral inputs in the OPL; while amacrine cells provide inhibitory inputs in the IPL [1] . In teleosts, such as zebrafish, an additional cell type, the interplexiform cell, is also present. Interplexiform cells have centrifugally-oriented processes as their dendrites are located in the IPL and their axon terminals in the OPL. These cells are either dopaminergic or glycinergic [2-4], providing modulatory or inhibitory inputs.
Since the original anatomical studies of Cajal [5] , many investigators have examined the physiology and/or morphology of the various retinal neurons. Typically, physiological recordings are made either from cells within the intact retina (i.e., eyecup preparation, retinal wholemounts, retinal slice) or from cells that have been removed from the retinal network (i.e., cultured cells). Both types of preparation have their advantages. Retinal wholemounts and eyecup preparations allow the entire eye to be used, and all synaptic connections are intact, so the response of retinal neurons to light, the natural stimulus, can be determined. In addition, photoreceptors can easily be identified and recorded from in flatmount preparations (i.e., [6] ). However, as one has direct access to one side of the retina only, recording responses from distal horizontal and bipolar cells is difficult because these cells cannot be definitively identified prior to experimentation. Isolated cells overcome this problem as neurons are enzymatically and mechanically dissociated from the retinal network and examined in culture conditions. Neurons are readily identified, though they lack the connections found in vivo.
The retinal slice preparation [7] [8] [9] serves as an intermediate between eyecup and isolated cell preparations as it combines characteristics of each method. The retinal slice maintains the cytoarchitecture and synaptic contacts found in vivo, similar to the eyecup and retinal wholemounts. Moreover, as the tissue is viewed in cross-section, all neurons can be identified prior to electrical recordings, as with isolated cells. In addition, neurons recorded within the slice can be filled with an intracellular dye, such as Lucifer Yellow. The dye enters the cell through the recording electrode, allowing the morphology of the neuron to be correlated with its physiology, providing valuable information about retinal circuitry. Currently, the retinal slice preparation is used to document neuronal activity in many different species, including rat [10, 11] , ground squirrel [12] , salamander [13] [14] [15] , and fish [16] [17] [18] .
The purpose of this paper is to describe, in detail, the protocol for generating zebrafish retinal slices. Though this preparation has already been applied to both physiological [16] [17] [18] and morphological [19] studies documenting retinal circuits, it is also applicable to studies examining the physiological basis underlying changes in visually-guided behaviors and/or zebrafish mutants with visual system defects [20, 21] . Once mastered, nearly identical, and repro-ducible, retinal slices can be made from either adult or larval tissue, providing an intact structural preparation that can be used to document retinal function. potassium chloride (KCl), 104 mM potassium gluconate (catalog # G-4500; Sigma Chemical Co 6 ), 1 mM EGTA (ethylene glycol-bis(β-aminoethylether)-N,N,N′,N′-tetraacetic acid, catalog # E-0396; Sigma Chemical Co 6 ), 4 mM HEPES, and 100 µM calcium chloride dihydrate. Once mixed the intracellular solution should be brought to pH 7.4-7.5 using potassium hydroxide (KOH, catalog # P-1767; Sigma Chemical Co 6 ). To intracellularly label recorded neurons, Lucifer Yellow (catalog # L-0144; Sigma Chemical Co 6 ) can also be added to the intracellular solution.
Materials
-Extracellular solution (Ringer's solution above).
Procedures
The zebrafish retinal slice [16, 18] allows retinal neurons to be recorded using whole-cell patch clamp techniques [23] . It was developed by modifying established protocols [7] [8] [9] . A. Preparation of retinal slices: adult zebrafish 01. The day before experiments (or slices are to be made) place zebrafish into a darkened room and allow them to dark-adapt overnight. 02. Fill the syringe (5 cc or 10 cc) at least half full with Vaseline by removing the plunger and adding Vaseline from the back of the syringe. Replace the plunger and depress it to remove any excess air. Attach the 18 gauge needle to the end of the syringe. 03. Make two parallel lines of Vaseline in the recording chamber. The gap separating the lines should be just slightly larger than the width of the filter paper rectangles. 04. Remove dark-adapted fish (one at a time)
from the beaker and decapitate using a razor blade. 05. Place the head ventral-side down on a microscope slide and view using a dissecting microscope. Hold the anterior side of the head in place with forceps and, using a razor blade, cut the head in half by making a downward (dorsoventral) incision between the eyes. This separates the left side of the head from the right and makes the eyes easy to remove. 06. Remove each eye from its orbit using a microscalpel. Take care not to puncture the eyeball during this process. If an eyeball is punctured, the eye must be discarded. Once removed, place each eye on the microscope slide and gently cut off any extra tissue, including the optic nerve, using iris (Vannas) scissors. Discard all extra tissue. 07. Working with one eye at a time, remove the retina from each eye. Place the eye cornealside up on the microscope slide and hold it in place with forceps. Rather than squeezing the eye, place the points of the forceps against the microscope slide and push the eye against the forceps. Poke the center of the pupil with the microscalpel. The eyeball will 'pop' or deflate. Without removing the scalpel, make a downward incision through the eye opposite the forceps. 08. Grasp the sclera with the forceps (on the side opposite the incision). Gently slide the lens away from the eye, through the incision made in Step 7. Once the lens is removed, bisect the eye by completing the initial incision. 09. Place one pre-cut filter paper rectangle on the microscope slide, next to one half of the eye. Gently lift one of the halves and place it The chamber is held in place by a microscope stage x-axis micrometer, which is also used to advance the chamber between cuts. A razor blade, held in the moveable arm above the tissue, is used to cut the slices.
vitreal-side down onto the center of the filter paper. Wait a few seconds for the vitreous to absorb into the filter paper. 10. Gently remove the sclera using forceps. If dark-adapted, the sclera should lift easily off the tissue, leaving the retina (which appears light pink) attached to the filter paper. 11. Place the filter + retina into the recording chamber, and cover with Ringer's solution. Place the filter paper at the very end of the Vaseline lines and gently push it onto the lines, anchoring the paper in the chamber (Figure 1b, 3a) . Set aside. 12. The remaining tissue (i.e., the other half of this eye and the entire second eye) can now be prepared following Steps 7-11 above. However, rather than placing these pieces of tissue into the chamber (Step 11), put them into a Petri dish until needed. Specifically, in a 35 mm Petri dish, make 2 parallel Vaseline lines, similar to those in the recording chamber. Once the sclera has been removed and the retina is attached to the filter paper, place the remaining three retina + filter samples between these 2 Vaseline lines and cover with Ringer's solution. This tissue will remain viable under these conditions, at room temperature, for ~3-4 hours. 13. Once the retina + filter is placed into the chamber (Step 11), it is ready to be cut into retinal slices. Though the slices can be cut manually (i.e., you hold the razor blade and cut the slices), a tissue slicer is the preferred method as it generates slices that are uniform in size (~100 µm wide) and cut at the same vertical angle (i.e., 90°). In particular, we use a 'manual' (i.e., not motorized) slicer in which the researcher provides the pressure necessary to cut the slices (Figure 2 ). Slices are made by sequentially pushing down on the arm to make the cut and then advancing the chamber before making the next cut. 14. Begin at one end of the filter paper and cut slices parallel to the long axis of the filter paper (i.e., perpendicular to the layered structure of the retina). For each cut, you should hear a 'click' indicating that the razor blade has successfully cut through the filter paper (and the retina). After you hear the click, the razor blade should be raised completely above the tissue prior advancing the chamber. Continue cutting and advancing until the entire piece of filter paper (and retina) has been cut into several thin strips (Figure 3b ). 15. Rotate each thin strip 90°so the tissue is viewed in cross-section. To do this, gently grasp the edge of one of the filter paper strips with forceps, lift the entire filter paper strip off the Vaseline , but do not take it out of the Ringer's solution. Move the filter paper strip to the other end of the Vaseline strips, rotate it, and re-anchor the filter paper into the Vaseline (Figure 3c ). Continue moving and rotating the strips of filter paper until all strips with tissue attached have been reoriented. Discard any filter paper that does not have tissue on it. 16. Examine the strips using a dissecting microscope. You should see a filter paper 'ladder', with the Vaseline TM forming the vertical sides of the ladder and the filter + retina strips forming the steps (Figure 3c, d) . The slices are now ready to be viewed in cross-section, and retinal neurons examined electrophysiologically.
B. Preparation of retinal slices: larval zebrafish
The applicability of the retinal slice protocol to larval zebrafish has important implications as many mutants with visual system defects do not survive until adulthood. In general, the protocol described above for adult animals is also used to generate slices of larval zebrafish retinas. However, modifications were made due to the considerably smaller size of the larvae. In particular, more larvae (n = 20-30) are dissected at one time than adults (n = 1-2) and the dissection protocol is slightly different. These differences are detailed below. 01. Place 20-30 larvae into a small (50 ml) beaker of water. Place this beaker into an ice bath to immobilize the larvae. 02. Pre-wet a wide-bore pipette. The pipette is made by breaking the tip off a Pasteur pipette at the start of the taper and fire-polishing the broken end. Pre-wetting the pipette prevents any larvae from adhering to the inside of the pipette. 03. Once immobilized (i.e., the larvae have stopped swimming), use the pre-wetted widebore pipette to transfer 5-10 larvae from the beaker onto either a microscope slide wrapped in Parafilm or a piece of dental wax. 04. View the larvae using a dissecting microscope. Remove excess water around the larvae, but be sure to leave some water on the slide so the larvae are completely submerged during the entire dissection. 05. Gently grasp each larva by the tail/midbody with forceps and decapitate using a quick lateral motion with a dissecting pin. Remove and discard the tail. 06. Working with one larva at a time, gently remove the eyes, taking care not to damage the eyeball. Continue working until the eyes have been removed from all 5-10 larvae. 07. Using a pre-wetted Pasteur pipette, transfer the eyes to a microcentrifuge tube filled with Ringer's solution. 08. Clean/Dry off the microscope slide (dental wax) and discard any tissue. 09. Repeat Steps 1-8 until the eyes are removed from all 20-30 larvae. 10. Using the pre-wetted pipette, transfer all larval eyes from the microcentrifuge tube to the Parafilm-covered microscope slide (or dental wax).
11. Remove any excess water. 12. Using fine forceps, gently transfer each eye onto a pre-cut filter paper rectangle, placing 5-10 eyes onto each piece of filter paper. Do not rupture the eye ball and take care not to get the filter paper too wet, as the retina will not adhere to the filter paper if it is wet. 13. Once the eyes are on the filter paper, gently poke each one using a dissecting needle. This will expel the vitreous from the eye and allow it to absorb into the filter paper, adhering the retina to the paper. 14. Place the filter + retinas onto Vaseline lines in either the chamber or a Petri dish and cover with Ringer's solution. 15. Follow Steps 13 through 16 in the adult protocol above to cut and view retinal slices. C. General notes When working with adults, dark-adaptation prior to dissection is crucial. A dark-adapted retina can be easily removed from the sclera and there is minimal pigment epithelium due to light-dependent retinomotor movements [24, 25] . Though we typically dark-adapt the animals overnight, we obtain the same results if the animals are dark-adapted for 30-60 minutes. Also, we have found it useful to have the dissection tools, Ringer's solution, filter paper rectangles, etc. prepared before the dissection is started. Removal of the retina is done in the air (i.e., the tissue is NOT submerged in Ringer's solution), so the procedure must be done relatively quickly to prevent desiccation of the retina. When cutting slices, each cut through the retina + filter paper should be made only once (i.e., with only one push on the arm of the slicer). One firm push of the razor blade should be sufficient to cut through both the retina and the filter paper. Do not repeatedly try to cut the filter paper in the same location as this can damage the tissue. In addition, a new razor blade should be used each time slices are prepared (i.e., for each piece of retina + filter paper). Previously-used blades may have tissue attached to them resulting in either extraneous damage to the retina or an inability to cut the slices.
Results and discussion
The zebrafish retinal slice (Figure 4) is an intact preparation with functioning synaptic connections suitable for whole-cell patch clamp [23] and other neurophysiological techniques. All retinal neurons, including distal photoreceptor, horizontal, and bipolar cells, can be identified prior to the documentation of electrical activity and recorded neurons can be intracellularly stained to identify their morphology. To date, electrical responses in zebrafish photo-receptor [16] and bipolar cells [17, 18] have been documented using this preparation.
Characterization of neuronal responses
Both voltage-and ligand-gated currents can be documented in the zebrafish retinal slice. For example, using whole-cell patch clamp techniques and voltage-clamp protocols, zebrafish bipolar cells were shown to express a variety of voltage-gated K + and Ca 2+ currents ( Figure 5 ). However, not all cells express the same compliment of currents, with the differential expression of potassium currents used to distinguish between two populations of cells [18] . Bipolar cells receive their synaptic inputs from glutamate-releasing photoreceptor cells, thus, they can also be classified based on their response to the neurotransmitter glutamate (i.e., Figure 6 ). All bipolar cells were found to respond to the focal application of glutamate onto their dendritic arbor [17] . Application of glutamate onto bipolar cells is known to hyperpolarize or inhibit so-called 'ONcenter' cells, and depolarize/excite 'OFF-center' cells. However, as with voltage-gated currents, glutamate application did not elicit the same response from all bipolar cells (Figure 6a) . Specifically, OFF-type bipolar cells were depolarized by glutamate application through the activation of AMPA/kainate-type dendritic glutamate receptors, while ON-bipolar cells express one of three possible conductance mechanisms (Figure 6a ): a conductance decrease generated by glutamate binding onto the metabotropic APB receptor, a glutamate-elicited chloride current with transporterlike pharmacology, or a combination of the two [17] . Bipolar cell morphology (Figure 6b ) supported these ON-and OFF-retinal cell classifications. OFF-type cells had axon terminals restricted to the outer IPL (sublamina a), while ON-cells had terminals in the inner IPL (sublamina b). These findings are in agreement with classic ON/OFF stratification patterns reported in other teleosts [26, 27] . Interestingly, multistratified bipolar cells with terminals in both sublaminae were also identified and classified by their response to glutamate [17] . However, ON-and OFF-bipolar cells cannot be distinguished by their voltage-gated currents [18] .
In addition to physiological experiments, the zebrafish retinal slice can also be used to examine the morphology of different retinal neurons. Recently, retinal slices were labeled using the diolistic technique [28] in which lipophilic dyes were applied to the tissue using a gene gun. The labeled cells were identified within the retinal network, as the tissue was viewed in cross-section (Figure 7) . Overall, 17 bipolar cell types, 2 horizontal cell types, and 7 amacrine cell types were identified using this method [19] .
Application of retinal slices to studies of mutants with visual system defects
In addition to studies categorizing neuronal activity in the adult zebrafish retina, the retinal slice preparation can also be applied to the study of zebrafish mutants with visual system and/or retina specific mutations. One of the first mutants to be identified using behavioral screens was noa (no optokinetic nystagmus a) [29] . Noa's are characterized by morphologically normal, but physiologically abnormal retinas. In particular, their optokinetic response is absent and the b-wave of the ERG is both delayed and reduced in amplitude [29] . As the b-wave is a reflection of ON-bipolar cell activity [30] , the physiological data collected from noa mutants suggests that the mutation is localized to the bipolar neurons. Using the above protocol, retinal slices made from larval (6-10 days postfertilization) were used to document bipolar cell activity in the noa mutants.
Though whole-cell current responses indicate wildtype and noa cells appear to express the same types of voltage-gated currents, their glutamate responses differ, suggesting a physiological mechanism underlying the observed behavioral defect [20, 21] .
Thus, the zebrafish retinal slice provides a preparation in which different aspects of neuronal activity Depolarization-elicited outward currents were recorded in response to test voltages ranging from -80 to +60 mV. Hyperpolarization-elicited currents were recorded using test voltages ranging from -30 to -110 mV. Calcium currents were studied using test voltages ranging from -40 to +10 mV. For all currents, voltage pulses were applied in 10 mV increments, with a 10 ms step duration, and V hold = -60 mV.
can be documented. Intracellular labeling of recorded neurons allows cellular morphology to be correlated with observed physiology, clarifying retinal circuits. Further, morphological studies using retinal slices allow identification of specific classes of neurons within the retinal network providing a structural basis underlying retinal function. This preparation can be applied to both adult and larval retinal tissue, providing a medium in which both wildtype and mutant tissue can be examined. Retinal cell types and circuits can be identified in the slice preparation. Cells were labeled with the lipophilic dye DiI, (1,1′-dioctadecyl-3,3,3′,3′-tetramethylindo-carbocyanine perchlorate) administered to the tissue using a gene gun (Gan et al., 2000) . In this figure, a cone (C), bipolar cell (BC), amacrine cell (AC), and ganglion cell (GC) are jointly stained. Retinal layers are indicated to the left: ONL = outer nuclear layer, OPL = outer plexiform layer, INL = inner nuclear layer, IPL = inner plexiform layer.
